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Abstract—Intravital microscopy has emerged in the recent
decade as an indispensible imaging modality for the study of the
microdynamics of biological processes in live animals. Technical
advancements in imaging techniques and hardware components,
combined with the development of novel targeted probes and new
mice models, have enabled us to address long-standing questions
in several biology areas such as oncology, cell biology, immunol-
ogy, and neuroscience. As the instrument resolution has increased,
physiological motion activities have become a major obstacle that
prevents imaging live animals at resolutions analogue to the ones
obtained in vitro. Motion compensation techniques aim at reduc-
ing this gap and can effectively increase the in vivo resolution. This
paper provides a technical review of some of the latest develop-
ments in motion compensation methods, providing organ specific
solutions.

Index Terms—Intravital microscopy, image stabilization, in vivo
imaging, motion artifact and motion compensation.

I. INTRODUCTION

INTRAVITAL optical imaging systems have been increas-
ingly used for both experimental and clinical purposes. In-

travital imaging microscopy in particular has obtained great
consideration due to recent advancements in optical imaging
and hardware, and the development of novel molecular tools
such as new biological reporters, more efficient fluorochromes,
and improved targeted and activatable contrast agents [1]–[4].
Its high spatial and temporal resolution, combined with its pen-
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etration depth and multireporter visualization capability, have
all contributed in making it the perfect candidate for in vivo
imaging studies enabling profound insight into in vivo biology.
However, tissue movements caused by physiological processes
such as respiratory and cardiac cycles critically limit the range
of application of intravital microscopy. While at low resolu-
tion motion is not detrimental for image quality, as resolution
increases the problem becomes more severe in particular for
organs such as hearts and lungs. Therefore, intravital imag-
ing microscopy applicability and its effective imaging resolu-
tion largely depends on motion compensation techniques. This
technical review, which is focused on intravital microscopy for
mouse imaging, summarizes motion compensation techniques
at various levels of complexity and provides organ-specific mo-
tion compensation solutions.

II. TISSUE MOVEMENTS

Tissue movement imposes a practical limitation on the imag-
ing resolution regardless of the physical limitation of the instru-
ment [5]. This is particularly true for high-resolution imaging
modalities such as confocal and multiphoton microscopy, op-
tical coherence tomography, and super-resolution microscopy.
The most challenging situations generally occur in freely mov-
ing animals, whenever single cell imaging studies are concurrent
with animal behavior. Single neural Ca2+ imaging for example
has been recently demonstrated via implanted fiber optics mul-
tiphoton microscopy in freely behaving mice [6].

When no behavioral studies are conducted, sedation, analge-
sia, and general anesthesia are normally used to reduce stress
and pain and to provide adequate immobilization while greatly
restricting physiological motion components [7]. The most com-
mon anesthetics used in mice are injected agents such as ke-
tamine, avertin, and pentobarbital in combination with other
agents such as xylazine, or inhaled agents such as isofluorane or
halothane [7]. Inhalation anesthesia is particularly indicated for
prolonged imaging sessions over several hours, with less impact
on liver and kidney functions. Injectable agents on the other side
are more easy to administer and do not require any expensive
equipment (e.g., vaporizers, flow meters, filtering units, etc.) [7].

Even under deep anesthesia, tissue motion can still affect the
quality of the recorded images depending on the targeted imag-
ing organ and the imaging resolution. The two major sources
of physiological movements are the respiratory and the cardiac
cycle.

Fig. 1 shows the effect of respiration and heart beating during
a mouse intravital imaging session. The movement of the mouse
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Fig. 1. Motion components during intravital imaging microscopy induce arti-
facts in the resulting images. (a) Vertical displacements of a mouse liver imaged
in vivo, and measured with a laser displacement sensor coaxial with the imag-
ing objective. Separate effects due to both respiratory and cardiac activities are
shown. (b) Examples of the resulting motion artifacts in the mouse liver images.
Arrows indicates the artifacts. Reprinted with permission from [8].

liver was measured with a laser displacement sensor without the
presence of any motion restricting system [8]. As clearly em-
phasized breathing causes liver displacements at the mm-level
with a frequency component of approximately 1 Hz, while heart
beating generates shifts in position of approximately 10 μm with
a frequency component in the range of 5–10 Hz [8].

Of the two components, respiration is the most significant
source of motion affecting all organs. This is particularly true
for the lungs, but it extends to all the abdominal organs such as
liver, kidney, pancreas, and spleen. Its effect can be observed
also at the brain level even with the skull tightly fixed with a
stereotactic device [9]. Heart beating has also a broad effect
on many organs, in particular on the heart itself. This has pre-
vented until recently [10], [11] to image in vivo the beating
heart. Nevertheless, despite its much-reduced effect on all other
organs when directly compared to respiration, its effect is still
observable when high magnification studies are performed.

In addition to respiration and cardiac activity, there are other
sources of tissue movements such as peristalsis, muscle twitch,
slow drift, and so on. The effect of these movements is rela-
tively local, rare, or/and small compared to that of respiration
and heart beating. Thus, those are not of great importance, but
should be compensated too, for example, if repetitive long-time
longitudinal imaging is required [12].

In general tissue motion, independently of its physiological
nature, when combined with relatively slow scanning mecha-
nism will introduce motion artifacts in the acquired images [see
Fig. 1(b)]. The term “slow” here has to be put in context with
the frequency of the motion cycle and its amplitude. As the
resolution increases, the artifacts will become more prominent.
Therefore, in order to fully exploit the high resolution offered

by current microscopic techniques, motion should be properly
compensated.

III. PHYSICAL IMMOBILIZATION USING PASSIVE

MECHANICAL STABILIZERS

Physical immobilization can be considered as the first step
in reducing organs’ motion components. Mechanical restric-
tion has been widely used to limit and confine tissue motion.
The idea is simple in the way that the imaged organ is typi-
cally being held firmly with the use of a rigid support. Dorsal
skin window chambers, which were introduced about 70 years
ago have been widely used for the study of subcutaneous
tumor and angiogenesis [15], [16]. The window chamber tightly
sandwiches the skin between two frames, providing long-term
sequential imaging capabilities while creating a support frame
for motion confinement and restriction. For imaging the brain,
spinal cord, mammary gland, and abdominal organs, several
other types of imaging window chambers have been proposed
by different authors [17]–[20].

Window chamber aside, a simple way to achieve physical im-
mobilization is to cover the organ of interest with a glass cover
slip. By applying a gentle pressure, a reduction in motion am-
plitude is easily obtained. Despite its simplicity, this approach
is not always recommended because the pressure exerted in or-
der to achieve stabilization can negatively impact physiological
functions. Moreover, it is not always possible to physically com-
press an organ within a mouse abdominal or chest cavity due to
a lack of internal support.

As an alternative, in particular when using upright micro-
scopes, exposed organs can be placed face down with the mouse
body weight acting as pressure stabilizer [21]. Although this
technique is easy to implement, it is suitable mainly for those
organs that can be easily exteriorized, such as the small intes-
tine, pancreas, and the spleen [22], while it is not feasible for
imaging carotids, arteries, liver, lymph nodes, etc.

To overcome the limitations of both approaches, various me-
chanical stabilizers have been proposed. Small-sized mechani-
cal holders, which are easy to be positioned inside the abdomen,
have been demonstrated in [13] and [22] [see Fig. 2(a)]. Another
way of achieving stability consists in applying a thin layer of
adhesives such as Dermabond, an FDA-approved clinical grade
bonding, at the interface between a mechanical stabilizer and the
organ of interest. Using this methodology Lee et al. successfully
stabilized the beating mouse heart [10] [see Fig. 2(b)]. Moreover,
suctioning-based mechanical stabilizers have also been applied
to hold soft tissue such as the lung [23]. This idea has been
recently extended to heart imaging [11], [14] [see Fig. 2(c)].

In many instances, however, pure compressive mechanical
stabilizers cannot completely suppress motion-induced artifacts
because the necessary mechanical restrictions could cause se-
vere physiological alterations. High pressure exerted on the
tissues would not only have a negative effect on the organ
physiological functions but would also cause harmful damage
to the animal (e.g., mechanically restricting the motion of the
heart would easily induce ischemia). It is therefore desirable to
intentionally use a “soft” restriction approach allowing blood
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Fig. 2. Examples of various types of mechanical stabilizers (a–c). (a) A com-
pressive mechanical stabilizer for kidney and liver imaging. Reprinted with
permission from [13]. © 2012 SPIE. (b) An adhesive based mechanical stabi-
lizer for lung and heart imaging. Reprinted with permission from [10]. © 2012
Nature Publishing Group. (c) A suctioning mechanical stabilizer for lung and
heart imaging. Scale bar: 5 mm. Reprinted with permission from [14]. © 2012
Landes Bioscience. (d) Image sequences of the vasculature in a mouse beating
heart acquired without (upper row) and with (bottom row) stabilizer. Scale bar:
500 μm. Reprinted with permission from [10].

flow and minimal perturbation. As a result, to further compen-
sate the residual motion components, these classes of stabilizers
need to be used in combination with triggering/gating-based
acquisitions, image processing, or a combination of both.

IV. ACTIVE MOTION COMPENSATION STABILIZATION

An alternative strategy for motion stabilization is to compen-
sate tissue motion using an active tracking device. The principle
is based on the fact that artifacts in the acquired images are due
to tissue displacements relative to the imaging objective lens.

Once the relative motion existing between the imaged or-
gan and the objective lens is removed, stabilized images with
minimal motion artifacts can be acquired in real time. This
idea can be implemented in two different ways: by moving the
objective lens and keeping the animal at rest or alternatively
by moving the subject itself while keeping the objective sta-
tionary [8], [12], [24]–[26]. For fast motion compensation, the
best choice is to directly move the objective lens because high
frequency components and amplitude of motion can cause un-
desirable effects on the animal. Moreover the presence of the
heating plate, animal holders, and tubes for anesthesia could
make it impractical for most users.

In most configurations, the moving objective lens is detached
from the main microscope body and attached to a fast moving
mechanism which is controlled with a feedback loop to follow

Fig. 3. Active motion compensation by high-speed visual feedback control.
(a) Stabilized confocal microscopy imaging setup. (b) System configuration:
in vivo motion is calculated by a high-speed visual feedback system, and motion
is compensated in real-time by moving the objective lens using a piezo-driven
robotic closed arm with two degrees of freedom. (c) Unstable image sequence
of a mouse kidney. (d) Stabilized image sequence acquired using the high-speed
motion compensation system. Reprinted with permission from [8].

the tissue motion as illustrated in Fig. 3. The organ’s absolute
position can then be measured with a high-speed visual infor-
mation system [8], with a laser displacement sensor [24], or
from a common-path optical coherence tomography distance
sensor [26] while the objective is translated in real time keeping
the relative distance between the two constant over time.

In a mouse under anesthesia, motion excursion can sometime
reach large values in the order of a few millimeters, in particular
when imaging areas in proximity of the chest cavity. Under
such a condition, piezo-based active compensation systems are
not practical due to the limited range of displacement they can
provide. It is therefore recommended, whenever possible, to
adopt passive mechanical stabilizers in combination with their
use in a synergistic effort aimed at reducing the total amount of
motion [8], [24].

Alternatively motion compensation along the plane perpen-
dicular to the optical axis has been demonstrated by controlling
an XY translational stage [12] while Z motion compensation
has also been achieved using an objective focus motor [25].

V. TRIGGERING/GATING-BASED ACQUISITION

Throughout certain phases of the respiratory and cardiac cy-
cles, the organs’ motion velocities reach a minimum. For respi-
ratory activity, this can occur at both the end of inhalation and
exhalation. For cardiac activity, it occurs within the PR segment
of the electrocardiogram (ECG) signal, i.e., the time between
the end of the P phase and the beginning of the QRS complex,
when the heart is at rest. Acquisitions timed during these specific
temporal intervals [see Fig. 4(a)] will then guarantee images vir-
tually free of any motion-induced artifact.
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Fig. 4. (a) Timing diagram of triggering and gating based acquisitions. Ret-
rospective gated acquisition scheme (top): images are continuously acquired
while the mouse ECG is simultaneously recorded. Following this non-selective
acquisition, only part of the images (patches) that were acquired within the
time of a specific gating window are representative of points belonging to the
same physical plane. Prospective triggered acquisition scheme (down): images
are triggered and acquired only during a specific triggering window which is
determined in real time while monitoring cardiac and/or respiratory activity.
(b) Double gating of the ECG and the ventilation (VN) signals, and the corre-
sponding minimum artifact area (white dashed line box) within the raw acquired
image. The ventilation gating window, w1 is chosen at the time of the end phase
of expiration while the ECG gating window w2 is chosen at the time of the end
diastole. Both gating windows thus correspond to the time of minimum motion
for both lungs and heart, respectively. Reprinted with permission from [14].

Retrospective gating methods continuously gather data while
simultaneously recording motion information through physio-
logical activity detection. Only images acquired during the time
intervals of minimum motion will be considered.

In contrast, prospective triggering methods trigger data ac-
quisition by using physiological information recorded in real
time. Again when images are triggered during the time inter-
vals of minimum motion, artifact-free images will be collected.
When multiple sources of motion are present, they will all con-
tribute to image artifacts and multiple gating (AND of multiple
movements) needs to be utilized. This is illustrated in Fig. 4,
where both ventilation pressure signal (VN) and ECG traces are
analyzed to define a new gating/triggering acquisition window.

Triggering/gating acquisitions are widely adopted in high-
resolution magnetic resonance imaging (MRI) [27], [28] and
X-ray computed tomography (CT) imaging [29]–[32] and have
been recently introduced for optical imaging [9], [10], [33], [34].

VI. PLANAR MOTION COMPENSATION BY IMAGE PROCESSING

When the amplitude of motion is small enough and there is
enough correspondence between two consecutive images, image
artifacts can be successfully removed through image processing.

Motion compensation by image processing has been exten-
sively studied in computer vision and motion estimation, and
correction algorithms have been developed for applications such
as video stabilization [35], motion tracking, and image mosaick-
ing [36]. Because these imaging modalities are all based on CCD

Fig. 5. (a) Scheme of principle for laser scanning confocal microscopy. Two
galvanometer mirrors oscillating on orthogonal axes scan the excitation laser
beam along a raster path. Light is focused onto the sample and the emission light
is descanned and detected through a dichroic mirror. (b) The raster scanning path
lies on a horizontal imaging plane (top) perpendicular to the imaging objective.
When the subject moves, the imaging plane in the organ’s reference frame will
appear as a curved surface (bottom) modulated in time according to the motion
periodicity. Reprinted with permission from [13].

acquisition they cannot find a direct application in laser scan-
ning microscopy imaging such as confocal and multiphoton mi-
croscopy, or optical coherence tomography. Instead of having
all pixels acquired simultaneously as is the case for camera-
based modalities, here an excitation scanning point draws a
continuous raster path with each image pixel corresponding to
a different time point along the scanning trace (see Fig. 5).
This leads to the two most common sources of artifacts present
in scanning-based imaging modalities, due respectively to in-
frame and interframe motion. In-frame motion artifacts arise
when displacements occur within the image acquisition time.
Interframe motion artifacts instead are due to motion events
occurring between consecutive frames and within an image se-
quence (e.g., video-frame rate acquisitions).

When the imaged organ shifts in position with a speed higher
than that of the raster scanning, motion will translate into image
blurring. Streaking artifacts are the most common example and
are produced by rapid movements of sample or by prolonged
scanning times. Reducing the integration time will decrease their
impact in the acquired images, but it will go at the expenses of the
image quality since the faster the acquisition rate the higher the
noise. Generally streaking artifacts can be removed using image
deconvolution. In LSM in particular, the induced blurring can be
modeled as a geometric distortion, which is the major in-frame
motion artifact occurring in scanning imaging techniques.

Different authors have systematically modeled these motion-
induced distortions by considering the scanning acquisition
paths used during the image acquisition and several image pro-
cessing algorithms have been proposed. Vercauteren et al. em-
ployed a motion distortion model based on constant velocity
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assumption within a time frame [37]. Greenberg et al. have im-
plemented a Lucas–Kanade framework which is a general image
registration modeling commonly used in image processing [38].
Dombeck et al. have also demonstrated motion compensation
using a hidden Markov model (HMM) to correct for motion
distortions [39].

Inter-frame artifacts can be corrected by image registration
with realignment of the video-frame sequence and/or removal
of unmatched frames, leading to complete automatic removal
of interframe motion [40]. In order to work under such con-
ditions distortion-free images need to be acquired with high
scanning speed such as in the multipoints high speed scanning
system [41]–[43]. Using super-high speed imaging and exploit-
ing repeatability of heart motion, Liebling et al. demonstrated
tomographic imaging of the beating heart in a zebrafish [41].

Motion compensation by image processing, when feasible,
provides an attractive solution because it requires minimal re-
sources.

VII. MOTION COMPENSATION VIA POSTPROCESSED

GATED IMAGING

Despite the use of different stabilizers, motion in living an-
imals is not confined along two dimensions but it extends also
along the axis of the imaging objective perpendicular to the sta-
bilizer plane. While synchronization of image acquisition with
the tissue motion components such as the heart beat and the
respiration leads to reproducible observations, images present
deformation modulated by the two physiological components.
Points belonging to the microscope imaging plane during a raster
scanning acquisition will lie at different depths within the mov-
ing tissue due to the temporal motion components induced by
the animals breathing or heart activity (see Figs. 5 and 6). The
acquired image will therefore not be representative of a phys-
ical horizontal plane intersecting the organ in motion but will
instead resemble a curved surface due to the relative motion
of the imaged organ with respect to the microscope scanning
trajectory (see Fig. 5b).

As a result it will be affected by distortions, which will change
the geometry of the imaged organ. Due to their long excursions,
breathing-induced artifacts are the major cause of movement in
living animals and are therefore particularly detrimental even
under condition of high speed acquisition. One possible way to
remove them is to hyperventilate the animal within the few mo-
ments preceding the image acquisition and bringing it to a stop
while collecting the data. But obviously a breathing suppres-
sion methodology is not feasible for prolonged in vivo imag-
ing sessions. A possible alternative approach is a technique
known as sequential cardiorespiratory gating (SCG) segmented
microscopy, a stabilization method that is commonly used for
cardiac MRI [10]. During imaging, the breathing activity is
recorded and a time window coincident with the end phase
of the respiration is chosen. The portion of the acquired im-
ages (patches) that temporally coincide with the selected time
windows are then extracted among all collected images and
combined together to produce a final reconstructed image.

Fig. 6. Scheme of retrospective breathing-gated image reconstruction.
(a) Having the knowledge of the motion function z(t), here modeled for simplic-
ity as a sinusoidal function, it is possible to set a specific time gating window
TGW triggered on a particular phase of the motion. (b) By collecting several
images (I1 , I2 , I3 , . . .), and selecting the corresponding “patches” we can re-
construct an image where each point has the same height within in the imaged
volume. (c) A reconstructed motion-free image obtained starting from raw im-
ages, using the retrospective breathing-gated image reconstruction technique.
Reprinted with permission from [13].

By choosing appropriately both acquisition and motion pe-
riods (unsynchronized acquisition), this temporal portion area
of the original image (“patch”) will span over time the entire
objective’s field of view (see Fig. 6). Using the direct knowl-
edge of the motion function z(t) and choosing a gating window
centered around time points with the same vertical coordinates,
it is possible in principle to combine all the patches selectively
extracted from each image and to reconstruct a final one which
is representative of an actual horizontal optical sectioning plane
within the organ [13].

The same approach can be extended to cardiac motion com-
pensation. In this case, a second time window coincident with the
end diastole is selected and temporal portion areas correspond-
ing to this window are selected to give rise in a similar fashion
to reconstructed images representative of horizontal planes of
the resting heart. This approach has permitted recently to im-
age for the first time the beating heart in vivo at the subcellular
level [10].

We have to emphasize that, in order to enable assisted motion-
synchronized scanning, it is crucial to introduce reproducibility
in the position of the moving organs at the selected gating time
window within the cardiac and respiratory cycles. Only under
this assumption, all patches will then be representative of the
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TABLE I
ORGAN SPECIFIC PHYSICAL IMMOBILIZATION TECHNIQUES

same horizontal plane and can be merged without introducing
any patch discontinuity. Motion reproducibility can be highly
enhanced by introducing mechanical stabilizers (see Fig. 2),
which in addition contributes to the reduction of the motion
amplitude. Reproducibility in the axial motion of around 7 μm
has been demonstrated to enable heart imaging in vivo in the
beating heart [10].

VIII. SPECIFIC SOLUTIONS FOR ORGAN

MOTION COMPENSATION

The compensation schemes described previously cannot be
always practically implemented for all possible imaging condi-
tions. Depending on the organ of interest, different methodolo-
gies need to be implemented and adapted (see Table I).

A. Brain

Since skull represents a natural constraint for the brain it is
generally used as a convenient support to achieve physical sta-
bilization. In anesthetized mice, the skull is often immobilized
by stereotactic holders or alternatively by head plates firmly
held with dental cement [17]. For all those cases where imag-
ing needs to be conducted in awake and freely behaving mice,

special wearable miniaturized microscopes can be alternatively
employed [39]. In addition to these hardware approaches, image
processing [38], [40] and triggering-based acquisitions [9] can
be implemented in order to image the brain at high resolution. A
different interesting approach recently proposed by Matsumoto
et al. exploited additional thoracotomy in order to reduce mo-
tion artifacts for brain imaging by lowering the internal pressure
in an effort to reduce the physiological motion [44].

B. Spinal Cord

Hardware stabilizers for vertebral column immobilization are
commonly utilized for spinal cord imaging. Both commercial
and custom-made vertebral clamp holders have been employed
to this end. The detrimental effects of the respiratory cycle can
be avoided by using mechanical ventilation control [45], by
elevating the mouse off the surgical table [46], or by dampening
the movements with agarose [47]. The major limitation of these
methods lies in the impossibility of running longitudinal studies.
To overcome this downside, a custom-made imaging chamber
has been proposed [18].

C. Kidney, Liver, and Spleen

Custom-made small-sized mechanical stabilizers are usually
exploited to immobilize these organs. The various types of sta-
bilizers can be fabricated [13], [22], [48]. Toiyama et al. have
proposed an organ stabilizing device which applies pressure
on the imaged organ’s surface [48]. Lee et al. also proposed a
small restraining stabilizer but instead of applying high pres-
sure on the organ, a certain degree of freedom in the motion
is guaranteed while introducing reproducibility in the organs’
excursions [13]. The remaining artifacts are further removed by
either synchronization or image processing [see Fig. 7(a), (b)].
Cao et al. designed a scooping microdevice to separate the im-
aged organ from the moving body [22]. Swirski et al. imaged
the mouse spleen using a pressure mechanical stabilizer that is
attached to the objective and finely adjustable using a microme-
ter [49]. For kidney, which can be partially externalized, motion
restriction is possible without the use of any stabilizer. Using an
inverted microscope Dunn et al. successfully imaged the exter-
nalized mouse kidney as compressed by its own body weight on
an imaging cover slip [21].

D. Lung

The lungs present very peculiar characteristics in terms of
stiffness and handling. Tight motion restriction can lead to per-
turbation of the normal physiology and even delicate handling
can induce damage and superficial bleeding. A suction-based
motion stabilizer has been proposed for lung imaging [23], [50],
[51]. Wagner et al. have also successfully used suctioning sta-
bilizer observing the dog lung through a thoracic window [50].
Recently Looney et al. observed the mouse lung immune sys-
tem by designing a miniaturized suctioning device [23]. The
fabrication of this stabilizer is little complicate but details of the
design are given in [51].
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Fig. 7. Examples of motion compensated microscopy for in vivo mouse imag-
ing. (a) Planar and (b) tomographic reconstruction of a mouse kidney imaged
in vivo [13]. (c) Planar and (d) tomographic reconstructions of the in vivo beat-
ing heart [10]. Scale bars: 50 μm. Reprinted with permission from [10]. © 2012
Nature Publishing Group. Reprinted with permission from [13]. © 2012 SPIE.

E. Heart

Heart imaging at high resolution is particularly challenging.
High-frequency components are present along the cardiac cycle
and the heart itself is the source of motion, due to individual
myocytes contractions. Moreover, its proximity to the lungs,
another major source of motion extends further its range of mo-
tion. As for the hearts, physical constraints are not suitable if
high forces are applied since motion restriction can cause severe
damage to the myocytes and decreased blood perfusion leading
to ischemia. Only recently Lee et al. successfully imaged the
beating heart in vivo at subcellular resolution [see Fig. 7(c), (d)]
using a methodology based on a mechanical stabilizer in com-
bination with gated imaging [10]. Other approaches exploiting
suction-based heart stabilizers have been also proposed by the
same group [14] and other [11] for mouse heart imaging.

F. Other Organs

If the organ to be imaged can be exteriorized such is the
case for the small intestine, pancreas, and spleen, a compressive
coverslip with an underneath support can be simply utilized to
immobilize it. Mouse small intestine [52], submandibular gland
[53], sternomastoid muscle [54], pancreas [22], and ear [55]
have all been imaged using custom-made devices based on this
idea.

IX. CONCLUSION

As illustrated, recent advances in motion compensation tech-
nologies have been capable of overcoming the motion related
limitations currently affecting intravital microscopy, eventually

leading to the full exploitation of temporal and spatial resolu-
tion potentially offered by both confocal and multiphoton mi-
croscopy. In the years to come, it is expected that some of
the most advanced motion compensation techniques will be
standardized and many novel sophisticated developments will
follow further improving the performances of current imaging
technologies. These will likely allow researchers to address un-
resolved long-standing questions and will open a new window
into in vivo single cell physiology and biochemistry.
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