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Abstract. Respiratory- and cardiac-induced motion artifacts pose a major challenge for in vivo optical imaging,
limiting the temporal and spatial imaging resolution in fluorescence laser scanning microscopy. Here, we present
an imaging platform developed for in vivo characterization of physiologically induced axial motion. The motion
characterization system can be straightforwardly implemented on any conventional laser scanning microscope
and can be used to evaluate the effectiveness of different motion stabilization schemes. This method is par-
ticularly useful to improve the design of novel tissue stabilizers and to facilitate stabilizer positioning in real
time, therefore facilitating optimal tissue immobilization and minimizing motion induced artifacts. © 2017 Society

of Photo-Optical Instrumentation Engineers (SPIE) [DOI: 10.1117/1.JBO.22.3.036005]
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1 Introduction
Intravital fluorescence microscopy (IVM) offers high spatial and
temporal resolution and enables multireporter visualization in
live animals. As a result, IVM has emerged as one of the essen-
tial tools for obtaining cellular and molecular information under
natural physiological conditions. Unfortunately, motion from
various physiological processes, such as breathing and cardio-
vascular activity, continues to limit resolution and results in
image artifacts.

While one would expect these artifacts to only be most pro-
nounced in heart and lungs, they occur throughout the body,
affecting every tissue at different temporal and spatial imaging
scales. For these reasons, our understanding of various organ’s
natural physiology and function within the living body remains
limited and, in some cases, it has almost exclusively relied on in
vitro studies (e.g., Langendorff preparations for heart imaging).

To address this problem, several motion suppression tech-
niques have been developed, but their use has been largely
restricted to organs that move slowly over a small amplitude
range. In particular, cardiac imaging has been difficult due to
the organ’s inherent rapid contraction and considerable motion
displacement.

Currently, most acquisition strategies are based on active
tracking devices or passive tissue stabilization, and specific
tissue/organ stabilizers have been designed.1–10 In active motion
compensation, the relative distance between the imaged organ
and the microscope objective is kept constant over time.11–16

The objective is typically attached to a moving mechanism,
such as a piezo actuator used in combination with a feedback
loop based on high-speed optical imaging (e.g., CCD, optical
coherence interferometry),11–12,14 contact-type displacement
sensors,13 or image correlation,15,16 which is used to estimate
the motion for tissue tracking.11–13 Images are then acquired

providing acquisition sessions virtually free of any motion arti-
fact. While these approaches are elegant, they are quite expen-
sive, complex, and not straightforward to implement in
commercial systems. Also, some approaches15 present limita-
tions in terms of the amount of motion speed they can compen-
sate and are more suited for slow drifts movements and not for
physiologically induced motion activity. Passive stabilizers are
therefore more commonly used, offering great improvement in
stabilization. Specifically, they reduce the amount of tissue
motion while at the same time, if properly designed and placed,
they introduce reproducibility in the tissue displacement over
multiple physiological cycles. This last feature is of crucial
importance and through the use of retrospective gated or pro-
spective triggered acquisition schemes,3,4,17–20 in combination
with image processing, enables motion artifact-free image
reconstructions. Typically, passive stabilizers rely on a compres-
sive cover slip5–9 or suctioning devices2,4 to hold tissue in place,
and different possible configurations and designs can be cus-
tomized for the organ of interest.19,20 To compare stabilizers’
effectiveness and to facilitate their developmental and design
phase, it is therefore crucial to evaluate their performances
not only mechanically and through simulations but also in an
in vivo setting, optimizing them for maximum artifact removal
and induced motion reproducibility. This is typically achieved
through visual inspection during real-time image acquisition.
The mouse position is rearranged, and the stabilizer’s physical
parameters, such as angle of positioning or point of contact, are
adjusted until stabilized (or minimally perturbed) images are
acquired.

In most cases, the compressing force or the suctioning
pressure has to be optimally adjusted to reduce motion while
avoiding tissue damage. Furthermore, excessive physical organ
immobilization can potentially restrict blood flow and thus
alter the natural physiology. Therefore, minimum physical
immobilization and restriction in motion amplitude is desirable
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as long as temporal or spatiotemporal redundancy is present
and can be identified within the acquired images.10

To rely only on visual inspection for optimizing imaging
conditions can be challenging and time consuming. We have
therefore developed a motion characterization system for axial
displacement measurements to facilitate motion artifact-free

image acquisition and reconstruction. The system is mounted
on a dual slide nosepiece of a conventional microscope,
which allows for easy switching between motion analysis and
imaging microscopy (Fig. 1). While in-plane motion is not
directly measured (this would require the presence of a CCD
camera), its effect is usually of lesser importance. If present,

Fig. 1 Axial motion characterization system for in vivo imaging. (a) The setup is fully integrated within a
commercial confocal/two photon microscope (FV1000, Olympus). A laser displacement sensor is
mounted onto a dual slide nosepiece, collinear with the imaging objective. (b) During motion characteri-
zation, the sensor is positioned over the imaging organ, directly measuring the total displacement along
the axial direction. (c) After mouse or stabilizer readjustment to reduce axial motion components and to
improve reproducibility over the physiological cycles, the imaging objective is slid in position in the same
spot, where the sensor was focused and image acquisition is performed. (d–i) For setup testing and
proof-of-principle repetitive induced artificial motion was used. A sample fixed on top of a loudspeaker
(d,g) is moved vertically with a synthetic waveform producing 1 and 5 Hz sinusoidal motion components,
approximately equal to the mouse respiratory and cardiac frequencies. (e, h) Amplitude measurements
and (f, i) frequency analysis are performed without (d) and with (g) the presence of a mechanical
stabilizer.
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in-plane motion is usually connected to the axial component,
and it can be easily removed via image processing.

2 Experimental Methods
The optical imaging set-up was based on a custom-modified
Olympus FV1000-MPE (Olympus) laser scanning microscopy
system adapted for small animal imaging and equipped with an
upright BX61-WI microscope (Olympus) operating in both con-
focal and multiphoton mode. A large working distance water
immersion objective (Olympus, XLPlan N W MP 25× 1.05
NA 2 mm WD) was used during imaging sessions. For sensing,
a submicron-precision laser displacement sensor unit (Keyence
LG-030) was mounted onto an objective holder sliding

nosepiece, allowing to easily switch between the imaging objec-
tive and the sensor, without repositioning the imaged animal.
The working principle of the sensor is based on simple triangu-
lation to measure the distance from a surface. A laser beam is
emitted and focused on the imaging sample, and the position of
the reflection from the surface is recorded with a CCD sensing
element. Because the imaging axis of the CCD is slightly tilted
with respect to illumination, the position of the focused spot can
be processed to find the absolute distance of the surface from
the sensor itself. The imaging sensor offers a reproducibility
of 0.05 μm, with a linearity of �0.05% on a measurement
range of �5 mm. The sampling rate was set to 5 KHz, with
a sensing spot diameter of ∼200 μm. The laser displacement

Fig. 2 In vivo motion characterization. (a) A typical example of tissue movement as measured by the
custom-made motion characterization system. Two dominant repetitive motions are observed. The one
with big amplitude is due to respiration and the small one due to cardiac activity. The ECGmeasurement
in green color confirms that the small movement is caused by the heartbeat, and it is synchronized with
motion. (b) A measurement of mouse brain movement during an imaging session. (c,d) Frequency analy-
sis of (a) and (b), respectively, indicates major peaks at ∼1 and 6 Hz corresponding to respiration and
cardiac motion frequency. (e, f) Peak-to-peak displacements as measured at various organs and induced
by (e) respiratory and (f) cardiac activity during surgically open mouse imaging. Errors in (e) are calcu-
lated by measuring displacements over a 5-s period, and averaging three times over continuous traces
acquired for 1 min. Errors in (f) are calculated by considering parts of the traces where respiratory motion
is absent and averaging over multiple cardiac-induced peak-to-peak samples. * indicates that an artificial
animal ventilator was employed for heart motion characterization. Here, a calculated error of 40 μm is
present.
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sensor was positioned on the slider such that the sensing laser
spot coincided approximately with the objective imaging focal
point. To achieve this, the holder was designed such that the
sensor could be translated along the x and y direction with
the use of two sliders controlled by hexagonal screwdrivers.
This allowed one to roughly adjust the planar position of the
sensor’s laser beam (∼200 μm). Due to the large depth of
field of the sensing unit (less than 300 μm across 7 mm), proper
machining of the dual slide nosepiece guarantees that the imag-
ing laser beam falls within the laser sensing volume. To test and
prove the principle of the proposed setup, repetitive artificial
motion was synthesized with a loudspeaker, as shown in
Figs. 1(d)–1(i). An imaging sample was fixed on top of the
speaker and moved vertically with a waveform mimicking
mouse respiratory and cardiac movement at 1- and 5-Hz
frequency.

Movement along the z direction was then measured to evalu-
ate the degree of tissue stabilization. Amplitude measurements
and frequency analyses were performed with and without
a mechanical stabilizer.

During intravital imaging sessions, mice were anesthetized
with 2% isoflurane and 2 l∕min oxygen, and the body temper-
ature of the mice was kept constant at 37°C during all procedures
(surgery and imaging). For mice ventilation, an animal ventilator
(Harvard Apparatus INSPIRA ASV 55-7058) was used. The
ECG signal, recorded using three needle electrodes subcutane-
ously placed in the two front legs and the right hind leg, was fil-
tered and amplified using a differential preamplifier
(ADInstruments DP-301). Both ECG and ventilator traces
were recorded using a data acquisition card (National
Instruments, NI PCI-6229)19,20 and Labview software. Data
and image processing were performed using MATLAB software
(MATLAB 2014, Mathworks). For intravital imaging purposes
C57BL/6, wild-type (Jackson Labs) mice were used as well as
transgenic mouse strains, including mice-expressing fluorescent
reporters of interest.

3 Results

3.1 In Vivo Motion Characterization

We next tested our setup during an in vivo mouse imaging
session. All experimental animal protocols and procedures
were approved by the Institutional Animal Care and Use
Committee of the Massachusetts General Hospital, and they
are in accordance with the NIH Guide for Care and Use of
Laboratory Animals. Figure 2 shows typical examples of
organs’ vertical displacements as measured at the microscope
imaging focal point, with the corresponding power spectral den-
sities. The motion amplitudes were measured during in vivo lung
(a,c) and brain (b,d) imaging. The graph in Fig. 2(a) represents
the displacement as recorded by the laser sensor, containing two
distinct motion components. The large repetitive movement
with a frequency of ∼1 Hz was caused by natural respiration
while the small repetitive movement with a higher frequency
around ∼6 Hz was due to cardiac activity. Figure 2(b) shows
a measurement of brain movement in an open skull imaging ses-
sion during which the mouse is stabilized with a stereotactic
brain holder. Although very small, the movements induced
by both spontaneous breathing and cardiac activity were
observed. Correlation between simultaneously recorded ECG
(green) and displacement data confirms that the few micron
small, repetitive fluctuation was caused by the heartbeat. The

peaks’ frequencies of the power spectral density [Figs. 2(c)
and 2(d)] show the presence of these two frequency compo-
nents. Also, the power spectral density shows that the frequency
component bigger than 20 Hz is very weak representing less
than −60 dB power.

We then proceeded to characterize how different organs
move when surgically exposed. Using our motion characteriza-
tion system, we first positioned our objective into an area of
interest, and then slid the holder to bring the sensor in place.
The recorded temporal traces were very similar to the ones
shown in Fig. 2(a). The only major difference across organs
was the magnitude of the peak-to-peak displacements. In
Figs. 2(e)–2(f), we report values of motion amplitude as mea-
sured on mouse liver, small intestine, kidney, pancreas, brain,
and heart. For each organ, both respiratory and cardiac induced
peak-to-peak displacements are given. To note that data can vary
among different mice but are indicative of the amount of motion
present at different organs due to respiratory and cardiac physio-
logical activities. These values can, in general, depend on
different parameters, such as the mouse age, how the surgery
has been performed, type of exteriorization or exposure of the
imaged organ, amount of anesthesia administered, and mouse
tolerance to the anesthesia itself.

We found that peak-to-peak displacements, on average, were
∼1.15 mm for the liver, the small intestine 0.61 mm, the kidney
0.54 mm, the pancreas 0.23 mm, the brain 0.01 mm, and the
heart 2.22 mm, respectively. Because heart imaging can be per-
formed only with an open chest cavity, the total amplitude for
this scenario was measured under assisted mechanical ventila-
tion. As expected, respiratory-induced motion had the most
significant impact on motion amplitude. The amount of total
displacement due to cardiac activity is reported in Fig. 2(f),
and it is ∼100 times smaller than the displacement induced
by respiration, except when imaging the heart itself, which
presents the biggest peak-to-peak amplitude of about 0.67 mm
on the average. Generally speaking, the motion amplitude of
other organs, as affected by the heartbeat, was far less than
that of the heart itself with <0.02 mm, which corresponds to
only 3% of the peak-to-peak heart displacement. The heart
instead showed the biggest peak-to-peak amplitude both by
respiration and by cardiac activity, making it very difficult to
stabilize during in vivo imaging sessions.

In addition to the displacement measurements, maximum
velocities of organ movement were estimated from displacement
measurements. To calculate the speed, a low pass filter,
Butterworth filter fifth order having 40-Hz cut-off frequency,

Table 1 Maximum velocity of various organs.

Organs Maximum velocity (mm∕s)

Liver 17.7

Small intestine 8.7

Kidney 4.4

Pancreas 5.1

Brain 0.2

Heart (with ventilation) 47.8

Heart (no ventilation) 19.9
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was applied to remove high frequency noise. Table 1 shows the
estimated maximum velocities of organs from sample measure-
ment data, with the heart having the highest maximum velocity
among organs. Even intrinsic heart movement, measured with
temporal suspension of mechanical ventilation, showed a
very high velocity (19.9 mm∕s), as compared to other organs.

3.2 Motion Stabilization and In Vivo Imaging

Due to the large values of peak-to-peak motion amplitude, both
respiratory- and cardiac-induced motion artifacts will impact
image acquisitions. This is particularly true if images at the
cellular level are acquired or if organs with large displacement

Fig. 3 (a–e) Intravital imaging and motion detection of a kidney and (f–j) the heart in a mouse. (a, b)
Traces representing the motion amplitude without and with the use of a mechanical stabilizer. (c, d)
Representative sequential fluorescence images from two imaging acquisitions. (e) Example of an
image reconstruction using stabilized images as obtained in (d). Fluorescence signal, here in green,
is from the ubiquitin/green fluorescent protein expressing mice. (f, g) Traces representing the cardiac
motion amplitude without and with the use of an adhesive stabilizer. (h, i) Representative sequential
fluorescence images from two imaging acquisitions of the cardiac vasculature. (j) Example of an
image reconstruction using stabilized images as obtained in (i). Here, the vasculature (in red color)
was labeled with lectin.
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(such as lungs or the heart) are considered. Our imaging setup
allows easy quantification of the total vertical range of motion
and characterization of the extent of stabilization reached with a
tissue stabilizer during imaging sessions. Before placing the sta-
bilizer, it is important to reduce the free range of motion as much
as possible to avoid applying excessive pressure onto the imaged
tissue. For example, readjustment of the mouse position can
highly impact the peak-to-peak amplitude. Such is the case
when the mouse thoracic cage is firmly pressed against a heating
plate or a mouse holder, and the respiratory motion transfers
through the mouse cage to all other organs.

After this initial adjusting phase, the stabilizer (e.g., a simple
pressure cover slip, a suctioning device or a positive pressure
mechanical stabilizer) was set in place and tissue movement
along the z direction was measured to evaluate the degree of
tissue stabilization necessary for the desired imaging resolution
and objective magnification. Adjustments were then performed
in the stabilizers’ settings, such as the angle of incidence, the
amount of positive or negative pressure, and relative position.
Their impact was monitored in real time using the developed
motion sensor, and when optimal conditions were reached,
imaging sessions were initiated. There are two main factors to
consider when trying to achieve motion stabilization. A first
factor is the peak amplitude. Reduced peak amplitude leads to
decreased imaging artifacts within a single image. The second
factor is the reproducibility of movement. If quasiperiodic motion
components are introduced, reproducibility of tissue position
at certain time points during physiological cycles becomes
predictable, allowing for assisted motion-synchronized scanning
through prospective triggering or retrospective gating acquisi-
tion schemes. This improved reproducibility enables image
reconstruction using image processing from multiple images as
proposed and demonstrated earlier.3–5 This factor is far more
important when the applied force/pressure cannot be increased
to avoid the tissue damage (e.g., during heart imaging).

In Fig. 3, we show two different examples of motion char-
acterization and imaging of mouse heart and kidney before and
after tissue stabilization with accurate stabilizer adjustment.
Specifically, we compared two different kinds of tissue stabi-
lizers. A compressive motion stabilizer5 was used to reduce the
movement of the mouse kidney. The position traces [Figs. 3(a)
and 3(b)] acquired with the sensor show how the motion
amplitude can be reduced with the presence of the tissue
stabilizer, with the peak amplitude decreasing from ∼0.40 to
0.15 mm. With stronger pressure, this amplitude can be
reduced further. However, as pointed out previously,5 it is
more important to stabilize the position between each breath
for postreconstruction than to reduce the peak amplitude.
As shown in the figure, the vertical position between consecu-
tive breaths becomes reproducible with the use of the tissue
stabilizer, whereas it was occurring randomly without it.
Here, the gray line indicates points in time with the same
absolute vertical position. The images in Fig. 3(d) confirm
the introduced reproducibility in the sequences acquired
after stabilization, which can be further exploited for image
processing.5 A complete image [Fig. 3(e)] can thus be recon-
structed by combining a stabilized part from each image from a
single acquisition into one. For this to occur, the image acquis-
ition frequency should be adjusted to be slight off phase with
the breathing frequency.

In Figs. 3(f)–3(j), a mouse heart was analyzed. The animal
ventilator was stopped for a few seconds so to register only the

intrinsic heart motion. Figure 3(f) shows the heart motion trace
and the corresponding image sequence acquired without stabi-
lizer [Fig. 3(h)], while in Fig. 3(g), motion is measured in the
presence of a tissue bonding stabilizer.3 The sensor indicates that
the heart moves almost 0.9 mm in its peak-to-peak displace-
ment, and that these movements occur continuously even at
diastole. After placing a custom-made stabilizer and after rela-
tive adjustments, the movement decreased to <0.1 mm in its
peak-to-peak amplitude. More importantly, a stable temporal
window within the cardiac cycle (blue dashed rectangle)
appeared at end diastole just before the QRS complex of the
ECG. Furthermore, within this temporal window, the heart
motion is reproducible between different heartbeats, as indicated
by the gray line in Fig. 3(g). Images acquired within this time
window (blue dashed boxes) show good reproducibility
[Fig. 3(i)].5

Similarly to before, assisted motion-synchronized scanning
through retrospective gating acquisition allows an artifact-free
image reconstruction [Fig. 3(j)].

4 Conclusions
In conclusion, we have developed an axial motion characteriza-
tion system for intravital microscopy. We demonstrate measure-
ment and analysis of various organs’movements. Conventionally,
tissue stabilization for in vivo imaging can be only evaluated
with “trial-and-error” procedures guided by visual inspection
during real-time acquisition. Continuous readjustments are
necessary until acquired images show minimal distortions,
making the setup optimization process very time consuming.
Furthermore, even if visual inspection can provide a first esti-
mate of stabilization, it is far from accurate and images in most
cases turn out to be insufficiently stabilized or not reproducible.
This, in turn, can impede exploitation of triggered acquisitions
for image processing reconstructions. The described motion
characterization system enables to quantitate motion amplitude
information in real time with great accuracy, facilitating optimal
tissue stabilization conditions. It may further guide selection and
design of the best-suited organ-specific stabilizer and adjust-
ment parameters, which are of paramount importance for cellu-
lar high resolution in vivo imaging. While other schemes based
on contact-type displacement sensors,13 or feedback loops based
on high-speed CCD imaging, could be also adopted,11,12,14 the
facile setup here illustrated can be implemented within a few
hours in any conventional laser scanning microscopy system
with minimal cost and effort.
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